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small percentage of adults (72). Martin and Mundt (50) recognized the association of E. faecalis, E. faecium, and Enterococcus casseliflavus with a broad range of insect orders, including the Diptera. They found that E. faecalis, E. faecium, and E.
casseliflavus were associated with 32, 22.4, and 43.5%, respectively, of wild insect isolates in 37 different taxa, but they did
not include Drosophila in their analysis. Enterococci are auxotrophic for a number of vitamins, amino acids and other micronutrients (58). Nevertheless, they are remarkably resilient
organisms that are capable of enduring a broad pH range, as
well as hypotonic and hypertonic conditions, characteristics
that likely contribute to their presence in insects, such as Drosophila, that possess diverticulated GI tracts consisting of
acidic crops, highly alkaline midguts, and neutral to acidic
hindguts (16, 21, 52).
Because enterococci have been reported to be commensal
organisms of insects and because Drosophila is a genetically
tractable model for studying host-pathogen interactions, it was
of interest to characterize the microbial consortium of the fruit
fly and to determine whether enterococci are a native component of that consortium. It was also of interest to determine
whether the consortium could be manipulated to study the
roles of enterococcal traits during colonization and infection.

Enterococci are among the most common causes of hospitalacquired infections (24, 38). The enterococci that cause these
infections are often resistant to multiple antibiotics and, with
increasing frequency, to all antibiotics (38). It was recently
proposed (30) that nosocomial enterococcal infections may be
the result of a two-step process: asymptomatic colonization
and amplification within the gastrointestinal (GI) tract of virulent, antibiotic-resistant enterococcal strains, followed by infection of extraintestinal sites, such as the bloodstream, urinary
tract, or a surgical wound. However, little is known about the
mechanisms used by enterococci to colonize the GI tracts of
either healthy individuals or hospitalized patients. Studies of
mammalian GI tract colonization and the transition to infection are exceedingly complex because of the number of variables involved. An estimated 500 taxa are represented among
the bacterial species in the consortium in the human colon (23,
71, 72), and species representation in this consortium varies by
age, diet, and genetics. This complexity is further compounded
by the health status of the host and by antimicrobial therapy
(72).
Enterococci are present naturally in the GI tracts of insects
(8, 11, 49, 50, 70), reptiles (55), humans, and other mammals
(1, 38, 55, 59). Enterococci are minority members of the human GI tract consortium, comprising up to 1% of the adult
microflora (65). Enterococcus faecalis and Enterococcus faecium are the two species most commonly detected in the human bowel (27, 59, 72), while Enterococcus durans occurs in a

MATERIALS AND METHODS
Stocks, strains, and growth conditions. Laboratory-reared fly stocks were
acquired from several geographically distinct facilities. Oregon R Bloomington
and Canton S Bloomington stocks were obtained from the Drosophila Stock
Center at Indiana University in Bloomington. Oregon R OU and Canton S OU
stocks were obtained from James Thompson, Department of Zoology, University
of Oklahoma in Norman. Oregon R UT stocks were donated by Glen Collier,
Department of Biological Sciences, University of Tulsa, Tulsa, OK. Wild Drosophila melanogaster adults were captured during the summer of 2005 using
fermenting banana traps (6) in two separate locations. The flies in the first group,
designated OK, were collected in Oklahoma City, OK. The flies in the second
group, designated MA, were collected in Cambridge, MA. All stocks were main-
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Enterococci are commensal organisms of the gastrointestinal (GI) tracts of a broad range of mammalian and
insect hosts, but they are also leading causes of nosocomial infection. Little is known about the ecological role
of enterococci in the GI tract consortia. To develop a tractable model for studying the roles of these organisms
as commensals and pathogens, we characterized the Drosophila melanogaster microflora and examined the
occurrence of enterococci in the gastrointestinal consortium of Drosophila. In a survey of laboratory-reared
Drosophila and wild-captured flies, we found that Drosophila was naturally colonized by representatives of five
bacterial phyla. Among these organisms were several species of enterococci, including Enterococcus faecalis,
Enterococcus faecium, Enterococcus gallinaraum, and Enterococcus durans, as well as a previously detected but
uncultured Enterococcus species. Drosophila could be cured of enterococcal carriage by antibiotic treatment and
could be reassociated with laboratory strains. High-level colonization by a well-characterized strain expressing
the enterococcal cytolysin was found to be detrimental to Drosophila compared to the effect of an isogenic,
noncytolytic control. The anatomical distribution of enterococci in the Drosophila GI tract was determined by
immunohistochemical staining of thin sections of naturally colonized and reassociated flies.
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and the conditions described above. Amplified products from approximately 250
clones for each fly stock were then sequenced.
16S rRNA sequencing and analysis. Sequencing reactions were performed by
the DNA Sequencing Center for Vision Research at the Ocular Molecular
Genetics Institute, Massachusetts Eye and Ear Infirmary, using the BigDye
Terminator V3.1 cycle sequencing Ready Reaction mixture (Applied Biosystems,
Foster City, CA). Prior to sequencing, all PCR products were treated with
ExoSAP-It (Amersham Biosciences, Piscataway, NJ). PCR products were sequenced using universal eubacterial 16S rRNA primers 27F, 1492R, 704F, and
787R (45). All 16S rRNA sequences were compiled using the Codon Code
Aligner software (Codon Code Corporation, Dedham, MA).
Phylogenetic analysis. Approximately 250 16S rRNA gene sequences derived
from each fly stock (a total of 1,000 sequences) were analyzed by individual fly of
origin and collectively for all flies. Sequences were aligned with Clustal X (73)
and were compared to the sequences in Ribosomal Database Project II (RDP-II)
(18), using the Sequence Match function. Prior to phylogenetic analysis, each
sequence was manually edited by examination of its sequencing chromatogram
and tested as a possible chimera using Bellerophon (35) and Chimera Check v2.7
(part of the online analysis tool suite provided at the RDP-II website [http:
//wdcm.nig.ac.jp/RDP/cgis/chimera.cgi?su⫽SSU]) (18). All chimeric sequences
and poor-quality sequences were excluded from further analysis. Single representatives of each phylotype from the combined libraries were then aligned using
Clustal X. The resulting alignment was used to construct a neighbor-joining tree
using the PAUP program (version 4; Sinauer Associates, Sunderland, MA)
(http://paup.csit.fsu.edu/). Optimal PAUP input settings for tree construction
were determined using Modeltest v3.7 (61). Trees were constructed using a
general time-reversible model using base frequency and substitution values and
gamma distribution shape parameters indicated by Modeltest. The tree topology
was tested by bootstrap analysis with 1,000 iterations.
Phylotype determination. Jukes-Cantor-corrected distance matrices (42) were
constructed for individual sequence libraries, as well as for the combined library,
using the DNAdist program in the PHYLIP v3.65 program suite, and they were
analyzed using DOTUR (63) to identify phylotypes at multiple similarity cutoffs
using the furthest-neighbor algorithm. Sequences with at least 97% similarity were
assigned to operational taxonomic units (OTUs) as previously described (63).
Estimation of microbial diversity. Collector’s and rarefaction curves, richness
estimates, and diversity indices were generated for individual libraries and for the
combined data set with DOTUR, using a 97% similarity cutoff. Collector’s and
rarefaction curves were plotted using observed phylotype accumulation and the
Chao1 estimator of species richness (13, 14). Chao1 estimates were generated
after 1,000 randomizations without replacement. The percent coverage achieved
by sequencing efforts was calculated by Good’s method (31), using the formula
(1 ⫺ n/N) ⫻ 100, where n is the number of singletons (phylotypes represented by
a single clone) in a sample and N is the total number of sequences in the sample.
Diversity statistics were calculated using the Shannon and Simpson indices.
The Shannon index of diversity (H⬘) was calculated using the formula
H⬘ ⫽ ⫺⌺pi(ln pi), where pi is the abundance of phylotypes, calculated from
n/nN (where n is the number of sequences in each OTU and N is the total
number of sequences in the data set). The Simpson index of diversity (D) was
calculated using the formula D ⫽ ⌺n(n ⫺ 1)/N(N ⫺ 1), and the results are
reported below as the reciprocal (1/D). The Simpson index of evenness was
calculated with the formula (1/D)/S, where S is the number of phylotypes in
the data set.
Examination of shared phylotypes and similarity between fly stocks. To determine the fraction of phylotypes shared by our Drosophila 16S rRNA gene
libraries, the microbial consortia of Oregon R OU, Oregon R Bloomington, and
wild-captured MA fly stocks were compared using SONS (64) (http://www
.plantpath.wisc.edu/fac/joh/sons.html). The estimated phylotype richness within
each library (determined using DOTUR as described above) was compared to
the shared phylotypes in each possible combination of libraries at a level of
similarity of 97%. The statistical estimates of the phylotypes determined to be
shared by the three libraries were plotted by using a Venn diagram.
Antibiotic curing of enterococci from the Drosophila consortium. Indigenous
enterococci were assessed to determine their susceptibilities to erythromycin in
vitro and were found to be uniformly sensitive to a concentration of 1 g/ml or
less. Therefore, 50 g/ml erythromycin was added to freshly prepared, sterilized
fly food. Oregon R Bloomington flies were then transferred to erythromycincontaining food for 24 h. Following removal of flies from the antibiotic-containing medium, repeated culture of fly homogenates revealed that detectable enterococci were not present during the analysis.
Stable colonization after removal from bacterium-infused food. To examine
the reassociation of Drosophila with E. faecalis, 1 ⫻ 109 cells of an E. faecalis
strain, FA2-2, which was derived from a human clinical isolate (17) by selecting
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tained on standard, sterilized cornmeal-molasses food (6) at 23°C, unless otherwise noted. Samples of newly acquired fly stocks were either surface decontaminated, homogenized, and plated immediately for quantification and identification of
the commensal flora or frozen in 25% glycerol at ⫺70°C for later use. Adult flies
were confirmed to be D. melanogaster by physical examination of the genital structures (6).
Isogenic strains of E. faecalis (E. faecalis FA2-2/pAM714 [cytolytic] and FA22/pAM771 [noncytolytic]) (40) were used to reassociate Drosophila. These strains
were routinely cultured in brain heart infusion (BHI) medium (Difco) at 37°C
with antibiotic selection (50 g/ml erythromycin).
Quantification of cultivable bacteria and Enterococcus in laboratory-reared
and wild-captured fly stocks. In order to increase the detection limit for identifying members of the Drosophila microbial consortium, pools of 10 flies each
from the Oregon R Bloomington and Oregon R OU stocks and the wildcaptured stocks from Massachusetts (MA) and Oklahoma (OK) were rinsed with
70% ethanol for surface decontamination, transferred to microcentrifuge tubes,
and homogenized with disposable pellet pestles (Kontes, Vineland, NJ) in 500 l
sterile phosphate-buffered saline (PBS). Homogenates were serially diluted in
PBS and spread plated on bile esculin azide agar (Difco, Sparks, MD) for
enumeration of presumed enterococci and on BHI agar and Chromagar Orientation plates (BBL) for detection and differentiation of the cultivable flora. Plates
were incubated at 37°C overnight under both aerobic and anaerobic conditions.
Following incubation, colony morphological characteristics were recorded. Each
colony type was then quantified to determine the number of CFU per fly.
Bacterial identification. (i) Culturable isolates. For 16S rRNA gene sequence
identification of culturable isolates, colonies representing each morphological
type obtained on the three different media used were streaked for isolation on
BHI agar and incubated overnight at 37°C under aerobic or anaerobic conditions. Following incubation, single colonies were suspended in 50 l sterile water,
and a colony PCR was performed using 16S rRNA gene eubacterial oligonucleotide primers 27F and 1492R (Integrated DNA Technologies, Coralville, IA) as
previously described (45). Each 50-l PCR mixture consisted of 1 l of a bacterial colony suspension, 1 l of a 10 M forward primer 27F solution, 1 l of a
10 M reverse primer 1492R solution, 0.8 l of a 10 mM deoxynucleotide
triphosphate solution (Invitrogen, Carlsbad, CA), 5 l of 10⫻ Taq polymerase
buffer (Promega, Madison, WI), and 1 l of Taq DNA polymerase (5 U; Promega). The thermal cycling conditions included an initial 3-min denaturation
step at 94°C, 30 cycles of 94°C for 30 s, 55°C for 90 s, and 72°C for 2.5 min, and
a final 10-min extension at 72°C. All reactions were carried out in 0.2-ml reaction
tubes in a Techne TC-412 thermocycler (Techne, Burlington, NJ). PCR products
were confirmed by electrophoresis through a 1% agarose gel and were visualized
by ethidium bromide staining.
(ii) Culture-independent identification. For culture-independent identification of Drosophila commensal flora, pools of 10 flies were individually rinsed and
homogenized as described above. Total DNA was then extracted from fly homogenates by a previously described method (3), modified as described by
Broderick et al. (8). Briefly, fly homogenates were sonicated twice at 60 Hz for
30 s in a bench-top sonicator (PC3; L&R Ultrasonics, Kearny, NJ). To each
homogenate, 60 l of 10% sodium dodecyl sulfate (Sigma) and 3 l of a 20mg/ml proteinase K (Amresco, Solon, OH) solution were added and incubated
for 90 min at 37°C. The homogenates were then pelleted by centrifugation for
30 s in a bench-top minicentrifuge (ISC Bioexpress, Kayesville, UT) to remove
any chitinous debris (8). Following lysis and proteolytic digestion, 100 l of 5 M
NaCl and then 80 l of 10% cetyltrimethylammonium bromide–0.7 M NaCl were
added. The mixture was then incubated for 1 h at 65°C. DNA was extracted with
equal volumes of chloroform-isoamyl alcohol (24:1, vol/vol) and phenol-chloroform-isoamyl alcohol (25:24:1, vol/vol/vol). DNA was precipitated with isopropanol and pelleted by centrifugation, and this was followed by resuspension in
100 l of Tris-EDTA buffer. The DNA concentration and purity were determined by determining the absorbance at 260 nm/absorbance at 280 nm, and the
preparations were stored at ⫺20°C.
Eubacterial total 16S DNA in the extracts was amplified using primers 27F and
1492R described above. The PCR products were electrophoresed through 1%
agarose, visualized by ethidium bromide staining, sliced from the gel, and extracted using a QIAquick gel extraction kit (QIAGEN, Valencia, CA). Purified
PCR products were then ligated into the TOPO TA cloning plasmid pCR4TOPO (Invitrogen, Carlsbad, CA) used according to the manufacturer’s instructions. Clone libraries were created by transforming One Shot (Invitrogen), chemically competent Escherichia coli cells. Transformants were selected on LB agar
containing 100 g/ml ampicillin (Sigma) and 40 g/ml 5-bromo-4-chloro-3indolyl-␤-D-galactopyranoside (X-Gal) (Sigma). Well-isolated white colonies
were suspended in 50 l distilled H2O. The cloned rRNA gene sequence was
selectively PCR amplified using M13 forward and reverse primers (Promega)
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594-labeled goat anti-rabbit antibody (Molecular Probes). Drosophila tissue was
counterstained using Vectashield with 4⬘,6⬘-diamidino-2-phenylindole (DAPI)
(Vector Laboratories). Immunohistochemically stained sections were then observed by fluorescence microscopy using a Nikon Eclipse E800 microscope
(Nikon, El Segundo, CA), and images were obtained using a Spot 1.10 digital
camera (Spot Diagnostic Instruments Inc., Sterling Heights, MI).

RESULTS
Phylogenetic analysis. Figure 1 shows a phylogenetic tree
consisting of 49 phylotypes identified in a combined 16S rRNA
gene sequence library, which was made up of 686 clones from
three Drosophila stocks (Oregon R OU, Oregon R Bloomington, and MA), as well as from cultured phylotypes isolated
from fly homogenates. Sequences with at least 97% similarity
were grouped into OTUs (phylotypes), as calculated with
DOTUR. A fourth library, constructed from randomly selected, PCR-amplified eubacterial 16S rRNA genes isolated
from the wild-captured OK fly stock, was found to consist of
only two phylotypes, an unidentified Wolbachia species (239
clones, 95.6%) and an unidentified Enterococcus species (11
clones, 4.4%). By culturing, we identified nine other phylotypes
that had unique colony morphologies on the media used.
These phylotypes were identified as E. faecalis, an unidentified
Enterococcus isolate, Bacillus subtilis, Bacillus cereus, Bacillus
pumilus, Leuconostoc mesenteroides, Lactobacillus plantarum,
Serratia marcescens, and Pseudomonas putida. However, because of the overwhelming infection of this fly line with
Wolbachia, a pathogen of the Drosophila reproductive tract
and other organ systems (15, 51), an analysis of the diversity
of the flora of this fly line using the culture-independent
approach was not possible.
As shown in Fig. 1, the combined library was composed of
sequences representing five bacterial phyla. Among these, we
detected both low- and high-G⫹C-content bacterial species, all
of which were either strict aerobes or facultatively anaerobic
(28). Members of the Firmicutes (low-G⫹C-content gram-positive bacteria) accounted for 37.3% of the library and were
represented by 256 clones and 14 phylotypes (Fig. 1 and 2).
Enterococcus was the predominant Firmicutes phylotype observed, accounting for 90% of the phylum (230 clones, five
phylotypes). Of the enterococci, E. faecalis was by far the most
abundant (81%, 186 clones). An unidentified Enterococcus
species was the next most abundant (16.5%, 38 clones). E.
durans accounted for 2.2% (five clones) of the enterococcal
phylotypes. E. faecium and Enterococcus gallinarum were
found to account for less than 1% of the total enterococcal
population. The remainder of the Firmicutes phylotypes observed constituted a small fraction of this phylum (Fig. 2). L.
plantarum (12 clones) accounted for 4.7% of the total Firmicutes population, while L. mesenteroides (11 clones) accounted
for 4.3%. Members of the genera Staphylococcus, Bacillus, and
Weissella accounted for less than 1% each of the Firmicutes
phylotypes.
The Proteobacteria was the most abundant phylum (61%,
419 clones) (Fig. 2), and it was represented by members of the
␣- and ␥-Proteobacteria. The ␣-Proteobacteria accounted for 32
56.3% of the Proteobacteria, with 236 clones and eight phylotypes. Acetobacter was the most abundant genus observed in
this study, with 199 clones accounting for 29% of all phylotypes
and 84.3% of the ␣-Proteobacteria. Among these, Acetobacter
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for spontaneous chromosomal mutations mediating resistance to rifampin and
fusidic acid, were stirred into 50 ml of sterile fly food. For each experiment, 100
adult, erythromycin-treated Oregon R Bloomington flies were exposed to the E.
faecalis-seeded food for 24 h at 30°C. The flies were then transferred to fresh,
sterile food without antibiotics. Following the transfer to sterile food, 10 flies
were homogenized at 24-h intervals for 7 days, and enterococci were enumerated
as described above.
Cytolysin lethality in Drosophila. To examine the effects of the enterococcal
cytolysin on colonization of Drosophila, erythromycin-treated flies were placed
on food containing either cytolytic strain FA2-2/pAM714 or the isogenic noncytolytic strain FA2-2/pAM771 (39). Plasmids pAM714 and pAM771 were derived
from the E. faecalis cytolysin-encoding plasmid pAD1 by Tn917 insertional
mutagenesis (39); Tn917 was inserted adjacent to the cytolysin operon in
pAM714, leaving the operon intact, and this insertionally inactivated toxin precursor production in pAM771 (39). These plasmids are stably maintained in the
E. faecalis host by an active partitioning system (77, 78). Flies treated with only
erythromycin and then placed on sterile medium were included as controls. In
these experiments, flies were examined every 24 h for 7 days, and the number of
dead flies was recorded each day. The colonization rates for both the cytolytic
and noncytolytic strains were determined in parallel by homogenization of 10
flies every 48 h, and the numbers of viable enterococci per fly were determined
as described above using erythromycin-containing media. The number of viable
enterococci per gram of fly food at each time was also determined for each
experiment. The ability of erythromycin to cure flies of indigenous enterococci
was verified for each experiment, and reassociation was verified after 24 h of
feeding on Enterococcus-containing food to ensure that there was colonization of
test populations. Killing curves were generated for each fly type-isogenic mutant
strain pair. All experiments were conducted in triplicate.
Immunohistology. Drosophila adults, either from an unperturbed laboratorymaintained wild-type stock or artificially colonized with E. faecalis FA2-2, were
fixed in 37% paraformaldehyde in water and octane, using a method developed
by Richard Carthew, Northwestern University, Chicago, IL (personal communication). Briefly, flies were anesthetized with ether (J. T. Baker) and transferred
to a 2-ml microtube containing an octane fixation solution prepared by mixing
3.38 ml of 37% (wt/vol) paraformaldehyde prepared in water, 5 ml of octane
(Sigma), and 0.5 ml of 1 M Na2PO4 (pH 6.8). Flies were fixed at room temperature for 20 min. Flies were then washed once with pure octane and then with
PBS. Fixed and rinsed flies were suspended in a postfixation solution, which was
prepared by mixing 430 l of 37% paraformaldehyde in water, 400 l of 1 M
Na2PO4 (pH 6.8), and 3.17 ml of water, without octane, for 1 h. Fixed flies were
rinsed twice with PBS, embedded in paraffin, and sectioned. Thin sections (10
m) were mounted on charged glass slides (Colorfrost Plus; Fisher Scientific,
Pittsburgh, PA) and stained using immunological reagents.
For immunohistochemical staining, antienterococcal polyclonal antibodies
were produced by immunizing rabbits with heat-killed E. faecalis FA2-2. To
determine whether this polyclonal antiserum exhibited any cross-species activity
with other cultivable members of the Drosophila microflora, pre- and postimmune sera were compared by colony lift Western blotting and enzyme-linked
immunosorbent assays. Colony lift Western blotting was performed as described
previously (80), with modifications. Single colonies of native enterococci and
other organisms cultured from Drosophila (including species of Serratia, Bacillus,
Pseudomonas, and Staphylococcus from wild-captured and laboratory stocks, as
well as E. faecalis FA2-2 as a control) were examined.
Whole-cell enzyme-linked immunosorbent assays were also performed for each of
the bacterial isolates as described previously (4) to quantify cross-reactivity. Polyclonal antiserum, serially diluted twofold from 1:800 to 1:1,638,400, was tested.
Secondary goat anti-rabbit immunoglobulin G alkaline phosphatase conjugate
(Sigma), diluted 1:500, was used for detection. p-Nitrophenyl phosphate hydrolysis
was then measured spectrophotometrically at 405 nm, using a Genios 96-well plate
reader (Tecan, Grödig, Austria).
As cross-reactivity was observed, antibodies were affinity purified by a method
adapted from the method of Campbell et al. (12). Briefly, washed, gentamicinkilled enterococci were resuspended in 0.1 volume of antienterococcal antiserum
and incubated for 1 h at 4°C with rocking. Antibody-bound cells were pelleted,
washed with PBS, resuspended in an equal volume of 100 mM glycine elution
buffer (pH 2.5), and incubated at 4°C for 20 min. Cells were then pelleted and
discarded, and an equal volume of 1 M Tris (pH 8.0) was added to neutralize the
supernatant.
For immunohistochemical staining, slides were deparaffinized, blocked by incubation with 1% bovine serum albumin (Sigma) and 10% normal horse serum
(Vector Laboratories, Burlingame, CA), and incubated with antienterococcal
antiserum or with preimmune serum as a specificity control. Antibody bound to
enterococci was fluorescently labeled by incubation with a secondary, Alexaflour
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aceti (73 clones, 31%) and Acetobacter cerevisiae (72 clones,
30.5%) were the most abundant phylotypes. Other Acetobacter
phylotypes observed included Acetobacter pasteurianus (39
clones, 16.5%), Acetobacter pomorum (13 clones, 5.5%), and
Acetobacter peroxydans (2 clones, 0.9%). The remainder of the
␣-Proteobacteria were represented by Gluconobacter cerinus
(33 clones, 14%), Gluconobacter frateruii (1 clone, 0.4%), and
Gluconacetabacter europaeus (3 clones, 1.3%).
The ␥-Proteobacteria accounted for 43.6% (183 clones) of
the Proteobacteria (26.7% of the total library) and was represented by 22 phylotypes. Of these, Wolbachia (62 clones, 34%)
and Enterobacter (61 clones, 33.3%) were the most abundant
phylotypes. All clones of the Wolbachia phylotype identified in
this analysis originated in wild-captured MA flies. Presumably,
a large proportion of these organisms occur in the reproductive
tract and other organ systems of Drosophila. However, it is
likely that some are also associated with the GI tract (15).
Because the level of Wolbachia infection of the MA fly line did
not preclude detection of other flora, we included this line in
the analysis as a representative of Drosophila in the wild. Nevertheless, the relatively large number of Wolbachia clones obtained for this fly line likely skewed the representation of
Proteobacteria in the consortium of the line. Enterobacter cloacae was the most abundant Enterobacter, with 41 clones

(67.2% of the Enterobacter clones, accounting for 22.4% of the
␥-Proteobacteria). The other Enterobacter phylotypes observed
included a previously uncultured Enterobacter (two clones,
3.3% of the Enterobacter clones), Enterobacter sp. strain BL-2
(two clones, 3.3% of the Enterobacter clones), Enterobacter
gergoviae (one clone, 1.6% of the Enterobacter clones), Enterobacter hormaechei (eight clones, 13.1% of the Enterobacter
clones), and Enterobacter aerogenes (seven clones, 11.5% of the
Enterobacter clones). Three Klebsiella phylotypes were observed. Klebsiella pneumoniae (20 clones) accounted for 11%
of the ␥-Proteobacteria sequences, Klebsiella sp. strain JT42 (8
clones) accounted for 4.4%, and Klebsiella oxytoca (11 clones)
accounted for 6%. Pantoea sp. strain P102 (seven clones)
accounted for 3.8% of the ␥-proteobacterial sequences. The
remainder of the ␥-Proteobacteria clones, including those belonging to the Citrobacter, Erwinia, Serratia, Morganella,
Pseudomonas, and Stenotrophomonas phylotypes, as well as an
uncultured ␥-Proteobacteria clone, each accounted for less than
1% of the ␥-Proteobacteria.
Seven clones representing three phylotypes belonging to the
Actinobacteria (1% of the combined sequences) were observed.
Corynebacterium bovis (six clones), Corynebacterium variabile
(one clone), and Micrococcus luteus (isolated by culture) were
identified. Two phylotypes belonging to the Bacteriodetes
(0.3% of the combined library) were observed and consisted of
single clones belonging to the genera Bradyrhizobium and
Chitinophaga.
Estimation of phylotype richness, diversity, and coverage.
Phylotype richness, diversity, evenness, and coverage were calculated for each Drosophila stock, as well as for the combined
data set (Table 1). To determine the number of sequences
necessary to obtain a robust estimate of microbial diversity in
our Drosophila 16S rRNA gene libraries, nonrandomized species accumulation curves were constructed using DOTUR. Figure S1 in the supplemental material shows observed and
Chao1-estimated nonrarefied accumulation curves for Oregon
R OU (Fig. S1A), Oregon R Bloomington (Fig. S1B), and MA
(Fig. S1C), which suggest that there is a simple eubacterial
Drosophila consortium consisting of (at most) 25 phylotypes in
any single fly line. Furthermore, the slope of each of the species accumulation curves provided a robust estimate of phylotype richness.
To measure phylotype richness, a rarefaction analysis was
performed for each 16S rRNA gene library. Figure 3A shows
rarefaction curves for each library, as well as Chao1 estimates
of species richness (Fig. 3B). Figure S2 in the supplemental
material shows observed and Chao1-estimated rarefaction
curves (Fig. S2A) and observed and Chao1-estimated species
accumulation curves (Fig. S2B) for the combined data set. All
rarefaction curves constructed in this study approached a plateau, indicating nearly complete coverage. This is in agreement

FIG. 1. Phylogenetic tree of the microbial flora identified in four separately reared Drosophila stocks. Phylotypes identified by alignment with
the RDP-II database are followed by GenBank accession numbers for previously identified strains. The number of times that a clone of each
phylotype occurred is indicated in parentheses. Cultured phylotypes are indicated by bold type, but because plating efficiencies were not
determined, numbers are not indicated unless the phylotypes were also observed in the less biased rRNA gene census. The tree was constructed
with PAUP by neighbor-joining analysis using a general time-reversible model. Bootstrap values calculated from 1,000 tree iterations are indicated
at branch points. The scale bar indicates evolutionary distance (10 substitutions per 100 nucleotides).
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FIG. 2. Individual variation within phylotypes occurring in individual Drosophila stocks. Clones were grouped into bacterial phyla based
on their positions in Fig. 1. Relative phylotype frequencies, including
the percentages of Enterococcus clones, are shown for individual fly
libraries and for the combined data set.
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TABLE 1. Drosophila microbial flora diversity and coverage estimates

Fly line(s)

No. of
clones

% Enterococcus
clones

No. of
observed
phylotypes
(culture
independent)

Good’s
estimator of
coverage
(%)

No. of
singletons

Chao1 estimator
of species
richness
(no. of OTUs)

Shannon’s
index of
diversity

Simpson’s
index of
diversity
(1/D)

Simpson’s
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Oregon R OU
Oregon R Bloomington
Wild-captured MA
Combined

237
238
211
686

70.5
24.8
2.8
33.8

9
13
23
37

98.3
99.6
97.6
99.3

4
1
5
5

11
13
25
38

0.9
2.0
2.3
2.7

1.8
6.2
6.8
9.8

0.2
0.5
0.3
0.3

FIG. 3. Rarefaction analysis of 16S rRNA gene clone libraries.
Observed (A) and Chao1 (B) rarefaction curves, plotted using a 97%
similarity cutoff, were computed with DOTUR. The error bars in panel
B indicate the 95% confidence intervals for Chao1 estimation of species richness after 1,000 randomizations.

Estimation of phylotypes shared by Drosophila microbial
consortia. To quantify the degree of overlap for the three
Drosophila 16S rRNA gene libraries examined and to identify
microbial phylotypes shared by them, we used the recently
developed program SONS (64), which effectively extends the
phylogenetic analysis performed using DOTUR (63) to allow
comparisons between individual libraries. Figure 4 shows a
Venn diagram illustrating the numbers of phylotypes shared by
the three libraries with a 95% confidence interval. When data
were examined with a 97% similarity cutoff, three phylotypes
were shared by all three libraries. These phylotypes were A.
aceti, A. pasteurianus, and E. faecalis.
Native colonization of Drosophila by enterococci. To obtain
additional evidence that enterococci are an important part of

FIG. 4. Venn diagram describing a comparison of phylotype membership in Drosophila microbial consortia for three fly types. Oregon R
OU (red), Oregon R Bloomington (blue), and wild-captured MA (yellow) 16S rRNA gene libraries were compared using SONS. The numbers in the circles indicate the estimated numbers of OTUs that are
shared or are unique to each fly type. Below each Drosophila stock
designation are the Chao1 estimate and 95% confidence interval for
richness at a similarity level of 97%.
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with Good’s estimate of coverage (Table 1), which indicated
that there was 99.3% coverage for the combined library, providing evidence that the 16S rRNA gene sequences in the
libraries represent the majority of bacterial phylotypes present
in the Drosophila stocks analyzed in this study. A statistical
analysis of library diversity and evenness was performed by
conventional methods (66, 68) (Table 1). The Shannon and
Simpson indices of diversity were highest for the wild-captured
MA stock, followed by Oregon R Bloomington; the lowest
values were the values for Oregon R OU.
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TABLE 2. Native enterococcal colonization of Drosophila

Fly stock

Enterococcal
species
(ⱖ98% identity)

Colonization of
Drosophila
Culture
independent

E. faecalis
E. gallinarum
E. durans

⫹
⫹

⫹

Wild-captured OK

E. faecalis
Enterococcus sp.

⫹
⫹

⫹

Oregon R Bloomington

E. faecalis
Enterococcus sp.

⫹
⫹

⫹
⫹

Oregon R OU

E. faecalis
E. faecium

⫹

⫹
⫹

Canton S OU

E. faecalis

⫹

NDa

Canton S Bloomington

E. faecalis
E. durans

⫹
⫹

ND
ND

Oregon R UT

E. durans

⫹

ND

Wild-captured MA

a

⫹

ND, not determined.

the flora of Drosophila, three additional fly stocks consisting of
both wild-captured and laboratory-maintained flies were directly assessed to determine carriage of culturable enterococci.
All seven stocks (Oregon R Bloomington, Oregon R OU, OK,
MA, Oregon R UT, Canton S Bloomington, and Canton S
OU) yielded culturable Enterococcus on bile esculin azide agar.
As shown in Table 2, the enterococci identified included E.
faecalis, E. faecium, E. durans, and E. gallinarum, as well as
enterococcal species yet to be named. E. faecalis was found in
six of the seven stocks examined. To determine what fractions
of the cultivable flora were enterococci for the four Drosophila
lines studied further, the total cultivable flora was assessed by
plating fly homogenates on BHI agar, followed by anaerobic
and aerobic incubation. Drosophila flies were found to harbor
1.6 ⫻ 104 ⫾ 5.8 ⫻ 103 cultivable CFU/fly, and the levels of
cultivable enterococci present were 4.4 ⫻ 103 ⫾ 2.9 ⫻ 103
CFU/fly.
Enterococcal reassociation for Drosophila. To determine
whether Drosophila could be reassociated with known enterococcal strains and to determine whether a trait known to contribute significantly to enterococcal virulence (38) affected a fly
when the trait was expressed by an ingested microbe, we conducted the following experiments. The levels of native enterococci in adult Oregon R Bloomington flies were reduced to
levels below the detection limit by exposing the flies to food
containing 50 g/ml erythromycin for 24 h at room temperature. As shown in Fig. 5, flies were then transferred to antibiotic-free food that had been inoculated with E. faecalis strain
FA2-2 (plasmid free) for 24 h, 30°C. Flies were then transferred to sterile food, and enterococcal carriage was quantified
at 24-h intervals. After 24 h of exposure to bacterium-laden
food, the level of enterococci was 3.3 ⫻ 103 CFU per fly (Fig.
5). Twenty-four hours after transfer of flies to sterile food, the
level dropped slightly (9.4 ⫻ 102 CFU per fly). However, enterococcal colonization rebounded, and the level remained

relatively stable during the 7-day experiment. Recovered enterococci were tested for chromosomal resistance to fusidic
acid and rifampin, and the results verified that the bacteria
were strain FA2-2 and did not represent resurgent colonization
by native flora that had been present at levels below the detection limit.
Since enterococcal cytolysin contributes to the severity of infection in all models tested so far (29, 38), this virulence factor
was selected for testing in the Drosophila oral ingestion model.
This cytolysin, in addition to being a toxin, is also a bacteriocin
(67). Because we were able to reassociate Drosophila with known
enterococcal strains, it was of interest to determine whether the
cytolysin affected colonization of the fly through its bacteriocin
properties or the health of the fly through its activity as a toxin. To
determine the effect of the cytolysin on either colonization or
health, we reassociated erythromycin-cured flies with FA2-2/
pAM714, which produces active cytolysin, or FA2-2/pAM771,
which produces the cytolysin activator protease but not the
toxin subunits and is therefore noncytolytic (39). Both pAD1derived plasmids were constructed previously by insertional
mutagenesis using the transposon Tn917 (40) conveying erythromycin resistance and were previously shown to be stably
maintained by a partitioning system (77, 78). Figure 6 shows
the effect of ingestion of cytolysin toxin-expressing E. faecalis
on the viability of Drosophila. The two groups responded in the
same way to the initial 24-h exposure to Enterococcus, with
12% mortality. We observed a small decrease in the survival of
flies colonized with the cytolysin-negative E. faecalis strain
(17% killed by day 4) compared to the survival of an antibioticonly control, which suggests that either perturbation of the
flora followed by colonization with a human-derived E. faecalis
strain or residual production of the cytolysin activator by the
noncytolytic strain is deleterious to Drosophila. Lethality was
significantly increased in flies colonized by the cytolysin toxinproducing strain, with 40% of the flies dying by the end of the
week-long experiment (P ⫽ 0.04, as determined by Welch’s
corrected t test), compared to flies colonized by FA2-2/
pAM771. These results were reproduced in an independently
conducted second experiment.

FIG. 5. Colonization of Drosophila with E. faecalis FA2-2. One
hundred adult Oregon R Bloomington flies were fed cornmeal-molasses food containing erythromycin (50 g/ml) for 24 h, transferred to
food inoculated with 2 ⫻107 CFU/ml E. faecalis FA2-2 for 24 h (24 h ⫹
FA2 - 2), and then transferred to sterile food. Enterococcal colonization
was tracked for 7 days. The error bars indicate standard errors of the
means for experiments conducted independently three times.
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Figure 7 shows the relative rates of colonization of Drosophila by isogenic E. faecalis strains. The colonization rates with
the cytolytic strain were consistently higher than those with the
noncytolytic strain, but they were not statistically significantly
different until the last day (P ⫽ 0.02). In order to determine
whether the relative colonization rates observed in flies after
transfer to sterile food were simply a reflection of the amount
of enterococci deposited in the food throughout the experiment or whether flies remained stably colonized with levels
below the levels of enterococci in the food, the relative numbers of cytolytic and noncytolyitic enterococci in the food were
also determined. The levels of cytolytic and noncytolytic enterococci in the food were found to be similar at each time.
However, the number of enterococcal CFU per gram of food
was consistently approximately 1 order of magnitude higher
than the number of CFU per colonized fly. While the relative
colonization rates shown in Fig. 7 suggest that the cytolysin
toxin provides Enterococcus with only a slight advantage during
colonization of flies with antibiotic-perturbed consortia, the
significant decrease in the survival of flies colonized with the
cytolytic strain demonstrates that the toxin at these levels of
colonization is deleterious to the host.
Anatomical localization of naturally occurring enterococci.
Because Wolbachia had been identified by other workers as an
organism that occurs in the reproductive tract and other organ
systems of Drosophila, it was of interest to determine the anatomical localization of Enterococcus and to verify its presence
in the GI tract. Enterococci were visualized by immunohistochemical staining of thin sections of intact Oregon R Bloomington adults, using affinity-purified antienterococcal antibodies (Fig. 8). Naturally occurring enterococci were observed by
fluorescent microscopy, and immunostained Enterococcus-free
flies were included as negative controls (Fig. 8C and F). In
unperturbed adults, we observed enterococci in the foregut,

FIG. 7. Colonization of Drosophila with cytolysin-producing E. faecalis FA2-2. One hundred adult Oregon R Bloomington flies were fed
cornmeal-molasses food containing erythromycin (50 g/ml) for 24 h,
transferred to food inoculated with 2 ⫻ 107 CFU/ml E. faecalis FA2-2/
pAM714 or FA2-2/pAM771 for 24 h (24 hr ⫹ bac), and then transferred
to sterile food. Enterococcal colonization was tracked for 7 days. The
error bars indicate standard errors of the means for experiments conducted independently three times.

midgut, and hindgut. In the foregut, enterococci were observed
in the crop and crop stalk, which form an invagination off the
esophagus, anterior to the stomadeal valve, but they were not
observed in the esophagus (Fig. 8D). With the exception of the
crop stalk, no enterococci were detected in any portion of GI
tract anterior to the stomadeal valve, including the salivary
glands, proboscis, or other mouthparts. In the midgut, enterococci were observed to be most abundant in the ventriculus
(Fig. 8G). In the hindgut, enterococci were abundant in the
rectum (Fig. 8B and H) and less abundant in the intestine (Fig.
8E) and anus (Fig. 8I). Enterococci were not detected in the
Malpighian tubules or the reproductive organs.
DISCUSSION
The prevalence of Enterococcus in the microflora of insects
was examined by Martin and Mundt (50). Using classic biochemical tests, as well as selective and differential plating techniques for identification of enterococcal species, these workers
surveyed 37 insect phylotypes belonging to eight orders, including the Coleoptera, Diptera, Hemiptera, Homoptera, Hymenoptera, Isoptera, Lepidoptera, and Orthoptera. Enterococci
were observed in approximately 53% of 403 insect homogenates examined, and the levels ranged from 103 to 3 ⫻ 107
bacteria/g. The largest faction (43.5%) of enterococcal isolates
were identified as E. casseliflavus. E. faecalis (32%) and E.
faecium (22.4%) were also prominent. Consistent with our
observations with Drosophila, Martin and Mundt observed the
presence of more than one enterococcal phylotype in a given
insect phylotype. Interestingly, wide variation in the percentage of Enterococcus clones from fly stock to fly stock was
observed (Table 1). While it is not known why the percentage
of Enterococcus clones was lower in wild-caught Drosophila
than in laboratory-reared strains, it was observed that the GI
tract microbiota of wild-captured flies had a greater level of
diversity (Table 1); therefore, enterococci accounted for a
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FIG. 6. Effect of cytolysin-producing E. faecalis on Drosophila survival. One hundred adult Oregon R Bloomington flies were associated
with either E. faecalis FA2-2/pAM714 producing cytolysin or the isogenic cytolysin-negative control FA2-2/pAM771. The percentage of
survival of colonized flies was determined for 1 week. Controls were
placed on sterile food after elimination of native enterococci by erythromycin. The symbols indicate means of experiments conducted three
separate times, and the error bars indicate standard errors of the
means.
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FIG. 8. Immunohistochemical staining of thin sections of Drosophila naturally colonized with Enterococcus. Ten-micrometer cross sections of Oregon R flies either naturally colonized with enterococci or

hatched and raised with 50 g/ml erythromycin (negative control) were
stained with affinity-purified rabbit anti-Enterococcus antibodies and
visualized with Alexafluor 594-conjugated goat anti-rabbit antibodies.
(A) Schematic diagram of Drosophila GI tract. Red indicates portions
of the GI tract naturally colonized by Enterococcus. Ph, pharynx
(cibarium); Sd, salivary duct; Es, esophagus; Car, cardium; Vent, proventriculus; CrStlk, crop stalk; Cr, crop; Sg, salivary gland; Int, intestine; Mal, Malpighian tubule; Rect, rectum. (B) Hindgut section showing colonized rectum. Magnification, ⫻85. (C) Hindgut negative
control. Magnification, ⫻85. (D) Esophagus and crop stalk of colonized fly. Magnification, ⫻850. (E) Intestine of colonized fly. Magnification, ⫻850. (F) Ventriculus of negative control fly. Magnification,
⫻850. (G) Ventriculus of colonized fly. Magnification, ⫻850. (H) Rectum of colonized fly. Magnification, ⫻850. (I) Anus of colonized fly.
Magnification, ⫻850. The diagram (A) was adapted from the study by
Hartenstein (32), with permission of the publisher.
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smaller percentage of the overall total for the more complex
flora observed in wild flies. The higher level of diversity seen in
wild flies may have been the result of consumption of a diet
that was more varied than the diet of laboratory-reared Drosophila stocks passaged on artificial fly food, which may not
support some members of the microbiota normally associated
with wild Drosophila.
Analyses of the microbial flora of the gypsy moth, as well as
termites, have been described. Broderick et al. (8) recently
characterized the larval midgut flora of the gypsy moth, Lymantria dispar L. Their results indicate that this flora is a
simple consortium composed of 23 phylotypes, and while the
relative proportions of the various phylotypes found in the
gypsy moth differ from the relative proportions in Drosophila,
similar bacterial species were observed. The gypsy moth larval
midgut flora is composed of similar bacterial phylotypes, including members of the ␣- and ␥-Proteobacteria, Firmicutes,
Actinobacteria, and Bacteriodetes. Notably, E. faecalis was a
prominent member of the cultured gypsy moth midgut flora,
and the levels were as high as 3.6 ⫻ 108 CFU/moth. Other
phylotype representatives found in both the gypsy moth and
Drosophila include species of Pseudomonas, Enterobacter, Pantoea, and Serratia. Members of the Firmicutes other than E.
faecalis that were observed in both types of insects include
species of Bacillus and Staphylococcus. As was the case in our
study, the gypsy moth flora also lacked obligate anaerobic phylotypes, a fact that may be pertinent when the compositions of the
various insect microbial consortia are compared to the composition of the human GI tract flora for the purposes of modeling
colonization with clinically important human isolates.
The composition of the intestinal microflora of termites
(Isoptera) was shown to be much more complex than the composition of the intestinal microflora of Drosophila; it consisted
of obligate and facultative anaerobes, as well as microaerophilic phylotypes (34, 60, 74, 79). This complex microbiota, in
addition to the termites’ own cellulolytic enzymes (56, 81) and
resident cellulolytic, flagellated protozoans (56, 62), plays an
important role in the digestion of cellulose, a main component
of the termite diet. In contrast to the Drosophila gut, not only
is the enlarged, microbe-packed termite hindgut paunch large
enough (diameter, ⬃1 mm diameter [7]) to restrict the diffusion of oxygen into its innermost regions, but it also contains
complex GI tract consortium members that act as an oxygen
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(stomach), extending to the intestine, and then proceeding to
the rectum and terminating at the anus. In terms of digestive
function, however, they are quite different. Drosophila possesses an acidic crop but maintains a highly alkaline ventriculus
and a neutral to acidic hindgut (16, 21). In comparison, the
human stomach is highly acidic, the intestine is neutral, and the
colon is maintained at a pH gradient ranging from slightly
acidic at the anterior end to neutral at the posterior end (22).
As discussed above, another major difference between the two
GI tracts is the absence of obligate anaerobic phylotypes in
Drosophila, while the majority of human intestinal microbial
phylotypes observed were obligate or microaerophilic anaerobes (23). The open circulatory system of the fly (6), together
with the small diameter of the Drosophila alimentary canal,
which even at its greatest diameter (225 m [6]) does not
exceed the diffusion limit of oxygen in tissue (140 m [46])
when it is considered that diffusion can occur from all sides,
may account for the lack of anoxic environments in the Drosophila GI tract.
As discussed above, we found that enterococci were most
prominent throughout the midgut of Drosophila, localizing in
the ventriculus, crop, and crop stalk, as well as in the hindgut,
the intestine, and the rectum. Similarly, recent findings (33)
suggest that enterococcal localization in the human GI tract is
centered primarily in the small and large intestines, where
enterococci are prominent members of the jejunal, ileal, cecal,
and rectosigmoidal consortia. Enterococci have also been observed to a lesser extent in the stomach (5, 53) and, in contrast
to Drosophila, in the oral cavity (69). The apparent absence of
detectable enterococci in any alimentary canal structure proximal to the stomadeal valve in Drosophila may be the result of
production of protective antimicrobial peptides or other digestive compounds by the labelar or salivary glands. Tzou et al.
(75) recently demonstrated that tissue-specific inducible expression of antimicrobial peptides, such as defensin, which are
known to have anti-gram-positive properties (47), occurs in the
foregut, in the cardia, and in the anterior portion of the ventriculus but not in the more posterior regions of the GI tract.
Studies of enterococcal colonization and ecology in the GI
tract using mammalian models (36, 37) have had limited success because of the complexity of the flora, animal-to-animal
variation, and the possibility that lineages of enterococci may
be host adapted (9). Recently, Caenorhabditis elegans was used
to screen traits of enterococci for virulence in this model (29).
Virulence properties known to be important in mammalian
infection were verified in this model, but this model has limited
value for studying host-commensal relationships in GI tract
colonization, since C. elegans ingests bacteria as food. The
extent to which C. elegans harbors a commensal flora is unknown.
While the anatomical localization of the Drosophila microbiota has not been determined in its entirety, we observed by
using immunohistochemical staining of thin sections (Fig. 8)
that enterococci were consistently located only within the confines of the GI tract, suggesting that they represented a consistent component of the Drosophila GI tract consortium, irrespective of whether flies were reared in the laboratory or
captured from the wild. With the exception of the Oregon R
UT laboratory stock, which was observed to be colonized with
E. durans as the only detectable Enterococcus species, all fly
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sink, which effectively consume residual oxygen at the organ’s
outer perimeter (10). The lower termite Reticulitermes speratus
was found to harbor a much more complex microbial consortium consisting of 314 phylotypes belonging to five main bacterial phyla. These phyla included the Cytophaga-FlexibacterBacteroides group, Firmicutes, Proteobacteria, Spirochaeta, and
a newly discovered termite-specific phylum, termite group I
(60). The majority of clones in this study clustered in anaerobic
phylotypes, including the genus Treponema, and the orders
Clostridiales and Bacteroidales, all of which are unique to the
termite.
Phylogenetic characterization of the GI tract flora of higher
termites (Termes comis, Pericapritermes latignathus, Microcerotermes sp., and Seculitermes sp.) (74) produced results similar
to the results obtained for the lower termite but revealed, in
addition to obligate anaerobic phylotypes, the presence of numerous additional facultative anaerobes, including species of
Enterococcus. These Enterococcus species included E. faecalis,
E. casseliflavus, E. raffinosus, and E. hirae. Members of the
genera Streptococcus, Lactobacillus, Lactococcus, and Bacillus
were also observed. While this flora was similar to the Drosophila flora in terms of the composition of associated Firmicutes, notable differences were apparent, particularly in the
complexity of the consortium found in the termites and the
predominance of obligate anaerobes.
The Drosophila microbial consortium is considerably less
complex than the human GI tract flora. Eckburg et al. (23)
recently described a highly detailed analysis of the diversity of
the human intestinal microbial flora. Using contemporary 16S
rRNA gene sequencing techniques, these workers found 395
bacterial phylotypes, while further phylotype richness estimates based on their findings suggested that the number is
more than 500 phylotypes (23). The most numerous human
intestinal phylotypes analyzed belonged to the Firmicutes (301
phylotypes, 76% of the total), and the vast majority (95% of
Firmicutes and 69% of all phylotypes identified [274 phylotypes]) belonged to the largely anaerobic or microaerophilic
clostridia. While not specifically mentioned in the findings of
Eckburg et al., enterococcal phylotypes fell into the relatively
small fraction containing nonclostridial Firmicutes (0.2% of the
total).
The Bacteriodetes was the next most abundant phylum in the
human intestinal microbial consortium (48% of the total, 65
phylotypes). In contrast, Bacteriodetes phylotypes were relatively rare in Drosophila (0.3%, two phylotypes). Conversely,
human proteobacterial phylotypes were relatively scarce
(⬃0.1% of the total), while the Drosophila microbial consortium was composed of approximately 61% proteobacterial
phylotypes. As was the case with the Drosophila microbial
consortium, the Actinobacteria also accounted for only a minor
fraction of the human flora. Fusobacterium and Verrucomicrobium phylotypes (absent from Drosophila) were also rare.
Differences between human GI tract anatomy and physiology and Drosophila GI tract anatomy and physiology undoubtedly play a role in determining the composition and physical
location of the respective microbial populations. Anatomically,
the GI tract of Drosophila (6) has an overall organization that
is comparable to that of humans. With the exception of the
Drosophila crop, the two systems possess a single alimentary
canal beginning at the esophagus, connecting to a ventriculus
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